QUANTITATIVE PCR PROTOCOL
Shell lab 1-23-22

General notes:
· Use ultra-pure water for all steps that require water.
· Dilute your cDNA and set up the reactions in a biosafety cabinet to prevent contamination. 
· Clean pipettors thoroughly before setting up reactions. Contamination with genomic DNA (gDNA) or amplicon can severely skew your results.
· Allow at least 2 hours to set up each qPCR plate.
· The iTaq qPCR reagent is viscose. To ensure accurate pipetting of this reagent and reaction mixes that contain it, always fill your pipet tip, eject back into the tube, allow the tip to refill with air, and pipet up the desired volume again. This coats the inside of the tip with the solution being pipetted and increases accuracy when pipetting viscose solutions.
· Pipet slowly and carefully. Accuracy and precision in pipetting are critical to the accuracy and reproducibility of quantitative PCR.


Part 1: testing primer sets

Goal: test several primer sets for your gene to determine which set has the best efficiency and specificity

Overview of procedure:
Perform triplicate qPCR reactions using several different dilutions of cDNA from a wildtype strain in order to create a plot of ct vs log cDNA concentration. Then calculate the amplification efficiency from the slope of the curve. To check specificity, examine the melt curves generated by the qPCR machine.

Steps:
1. Use IDT’s “primer quest” tool to design three sets of primers for your gene of interest. Choose “intercalating dye” as your assay type.
2. Resuspend lyophilized primers to 100 uM, dilute to 10 uM working stock, then make a mix for each primer set that has a final concentration of 2.5 uM for each primer (for example, 50 ul of each 10 uM primer plus 100 ul of water).
3. Make a 2.5 uM each primer mix with a set of validated primers.
4. Synthesize cDNA (see separate protocol) being sure to perform no-RT control reactions.
5. Print a 96-well plate template and fill in your planned set-up.
6. Dilute cDNA to range of concentrations between 1 pg/ul and 200 pg/ul. Make 20-50 ul of each dilution. A good series is:
· 200 pg/ul
· 40 pg/ul
· 8 pg/ul
· 1.6 pg/ul
7. If your cDNA sample has not been previously tested for gDNA contamination, dilute your corresponding no-RT control product using the same number of microliters of sample and water as you used to dilute your cDNA sample to 200 pg/ul.  For example, if your cDNA concentration was 20 ng/ul, you did a 1:100 dilution to reach 200 pg/ul and will therefore do a 1:100 dilution of your no-RT sample as well. 
8. Make a “primer master mix” for each primer set. To decide how much master mix to make, multiply your number of templates by 3.5 and increase that value by 10%. For example, if the primer set will be used on 4 template dilutions plus a no-template control, the master mix should be 5*3.5*1.1 = 19.25X. Use the following amounts per reaction:
· 1 ul primer mix (2.5 uM each)
· 5 ul iTaq Universal Sybr supermix (Biorad)
· 2 ul water
· (2 ul template will bring the volume to10 ul per reaction but is omitted from the master mix)
9. Make a 3.5X  “template master mix” for each primer/template combination. Include a template master mix with water only for each primer set as a no-template control. If you are testing a no-RT control, it is only necessary to run it with your validated primer set. Template master mixes contain:
· 28 ul of primer master mix from step 7
· 7 ul of diluted template or water
· Since you will have many template master mixes, make them in PCR strip tubes
10. Aliquot 10 ul of template master mix per well in a 96 well PCR plate (Axygen catalog number PCR-96-AB-C) and cover with clear sealing film. Be sure that sealing film is well adhered to plate.
11. Run plate on the Applied Biosystems 7500 qPCR machine using default parameters with the following changes:
· Assay type “standard curve”
· 10 ul reaction volume
· 61 degrees annealing/extension temperature
· 40 cycles
· Include melting curve
12. Examine the dissociation curves using the qPCR machine software. Each dissociation curve should contain a single peak without shoulders. If multiple peaks or shoulders are present, the primer set has non-specific binding and should not be used.
13. Examine the amplification plot and verify that the no-RT control, if used, did not amplify until at least several cycles later than the corresponding cDNA sample.
14. Examine the log amplification plot and verify that a ct of 0.2 will fall within the exponential phase of amplification (this is the linear part of the log plot). Change the analysis parameters to a user-defined ct of 0.2.
15. Examine the amplification plot and verify that amplification is not visible prior to cycle 16. Change the analysis parameters to a user-defined baseline of cycles 3-15. If amplification is visible prior to cycle 16, adjust the baseline parameters to exclude cycles with visible amplification.
16. Select “analyze” after adjusting the ct and baseline parameters as described above.
17. Highlight all wells in the plate diagram and export data to a USB stick for further analysis in Excel.
18. Use data on the “results” sheet for further analysis in Excel as described below.
19. Plot the ct vs log10 cDNA concentration and let Excel report the slope of the best linear fit. A slope of -3.32 represents 100% efficiency. Slopes between -3.6 and -3.3 represent efficiencies of 90-100% and are ideal. Slopes between -3.9 and -3.0 represent efficiencies of 80-110% and are generally acceptable, but results will need to be interpreted with some caution. Efficiency = 10^(-1/slope) – 1.
20. Note if values at the high or low end of your curve consistently fall above or below the best-fit line. This indicates limitations to the linear range of the primer set. Experiments using this primer set must be designed such that values from samples of interest fall within the linear range.

Part 2: Determining relative expression

Goal: Measure the differences in relative expression of genes of interest between multiple strains or conditions. 

Overview of procedure:
Perform qPCR reactions using triplicate cDNA samples from each strain/condition. These are biological replicates. Use validated primer sets for genes of interest and a reference gene (usually sigA). Then use the ct method to determine expression levels of your genes of interest normalized to the reference gene.

Steps:
1. Set up reactions for triplicate cDNAs samples for each primer set. Use the master-mix strategy below. Choose a cDNA concentration that falls within the linear range for your primer sets as determined in Part 1.
2. Dilute each sample to the desired concentration by first diluting it to 1 ng/ul, then diluting it again to achieve the desired concentration. You will need 2 ul of diluted cDNA per primer set. YOU MUST DILUTE YOUR cDNA FRESHLY EVERY DAY THAT YOU USE IT FOR QPCR.
3. If your cDNA sample has not been previously tested for gDNA contamination, dilute your corresponding no-RT control product using the same number of microliters of sample and water as you used to dilute your cDNA sample to 200 pg/ul.  For example, if your cDNA concentration was 20 ng/ul, you did a 1:100 dilution to reach 200 pg/ul and will therefore do a 1:100 dilution of your no-RT sample as well. 
4. Make a “primer master mix” for each primer set. To decide how much master mix to make, multiply your number of samples by 1.25. For example, if the primer set will be used on 12 samples and a no-template control, the master mix should be 13*1.25 = 16.25X. Use the following amounts per reaction:
a. 1 ul primer mix (2.5 uM each)
b. 5 ul iTaq Universal Sybr supermix (Biorad)
c. 2 ul water
d. (2 ul template will bring the volume to10 ul per reaction but is omitted from the master mix)
e. For example, if you are making a 16.25x master mix, you would use 16.25 ul of primer mix, 81.25 ul of iTaq, etc.
5. Pipette 2 ul of diluted cDNA very carefully into the desired wells of the plate. Make sure the droplet goes down to the bottom of the well.
6. Pipette 8 ul of primer master mix into each well and mix thoroughly by pipetting up and down.
7. Use the same reagents, PCR plates, and cycling conditions detailed in Part 1. 
8. Select the ct and baseline as described in Part 1 and click “analyze”.
9. Highlight all wells in the plate diagram and export data to a USB stick for further analysis in Excel.
10. Use data on the “results” sheet for further analysis in Excel as described below.
11. Verify that the ct values for the reference primer set are similar in all strains/conditions. If these values vary by more than one cycle, there may be expression differences in the reference gene, which would confound further analysis. The ct method requires that the reference gene be expressed at similar levels in all strains/conditions being analyzed.
12. Determine the “ct” for each replicate for each primer set. This is the difference in ct between the gene of interest primer set and the reference gene primer set. For each gene of interest primer set you should have three cts for each concentration of cDNA. 
13. Determine the relative expression of the gene of interest. This is determined by the formula: 2-ct. You should have three relative expression values for each primer set and concentration of cDNA.
14. If you used multiple concentrations of cDNA, verify that the expression values obtained are similar. Large or consistent differences may indicate that your expression levels are not within the linear range of the primer set or that the efficiencies of the reference primers and gene of interest primers are too different.
15. Determine and plot the mean and standard deviation of relative expression values for each gene of interest primer set in each strain/condition.
 
Part 3: Measuring mRNA half-lives

Goal: Measure the mRNA half-life of genes of interest. 

Overview of procedure:
Use cDNA made from RNA isolates from cultures from various time-points following treatment with rifampicin to block transcription initiation. Perform qPCR reactions using triplicate cDNA samples from each strain/condition. These are biological replicates. Use validated primer sets for genes of interest. Use the same procedure as above in Part 2. However, there is no internal normalization, so it is absolutely critical that your cDNA concentration measurements are accurate. Once you have obtained CTs, make them negative (eg, 20 becomes -20) and treat them as a measurement of concentration on a log2 scale. Plot these negative CTs vs time (minutes after rif addition). Determine the slope by linear regression. The half-life is -1/slope. If the linear regression fit is not good, remove timepoints as follows. If there is a delay before mRNA concentration decreases (eg, 0 minutes and 1 minute are similar and 2 minutes is lower), remove the first or second timepoint (in the previous example, remove 0 minutes) from the linear regression. This delay is due to continued transcription elongation following addition of rif (rif only blocks initiation, not elongation). If there is a period of exponential decay (a straight line on this plot because you have a log2 y axis) followed by a plateau with less or no decay, remove the timepoints following the plateau. Some bacteria slow their mRNA degradation after a few minutes of exposure to rif.
