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Dove lab protocol from Tracy Kambara and Mike Gebhardt
URI modifications from KMRamsey 8/19/19

Running the gel
1. Prepare 1x Loading buffer
· 250 uL NuPage LDS sample buffer (4x, room temp)
· 100 uL 0.5 M DTT (-20C)
· 650 uL dH2O
2. Resuspend pellet in 1x loading buffer
· Normalize to ODs
3. Heat at 95C for 10 min
4. Assemble gel chamber
· Use pre-cast NuPAGE 4-12% Bis-Tris gel
5. Make running buffer – 400 mL for 1 gel, 800 mL for 2 gels
· 1 x MOPS for large proteins
· 1x MES for <50 kD proteins
· 380 mL ddiH2O
· 20 mL 20x MES
· 1 mL NuPAGE antioxidant
6. Use pipet to wash wells of gel
7. Load 10 or 12 uL of each sample
Use 1-3 uL 1:10 diluted BioRad Precision Plus Dual Color Protein Ladder (#161-0374) for the ladder.
As of 2022, we prefer to use 5 ul of WesternSure ladder from Licor, located in the -20°C freezer.
9. Run at 150V until the blue dye front reaches the bottom ridge of the gel.
Wet transfer
10. Make transfer buffer in a 1 L bottle. 
For transferring 1 gel:
	50 mL methanol
	25 mL NuPAGE 20x transfer buffer
	water to 500 mL
For transferring 2 gels, double above.

11. Store in freezer to chill until the gel has stopped running.
12. When the gel has about 10 minutes remaining, begin setting up the transfer; make sure you have ice on hand.
13. Remove transfer buffer from freezer and add 0.5 mL NuPAGE antioxidant (1 mL for 2 gels)
14. Activate PVDF membrane (must use Millipore Immobilon-FL #IPFL00010) in ethanol (can do in a tip box). For a full gel, cut to approximately 6 cm x 8 cm using pre-made guide.
15. In a large container (9”x9” Pyrex baking dish, for example), presoak membrane, 2 filter papers cut to membrane size, and 4 sponges in transfer buffer. Use a roller to push bubbles out of the sponges.
16. Open gel case, cut off wells and at the bottom ridge on the gel and place wet sheet of filter paper on the gel.
17. Peel gel and filter paper off and place wet membrane on gel.
18. Place other filter paper on membrane and roll out bubbles
19. Dunk the transfer cassette halves in the transfer buffer and begin assembling sandwich:
	2 sponges
	filter/membrane/gel/filter sandwich so that the membrane is on top of the gel
	2 more sponges
20. Close transfer apparatus and clamp into the gel box.
21. Fill the inside chamber with transfer buffer, fill the outer chamber with dH20. Place the gel box into a large ice bucket. Close the lid, seal the hole in the lid with tape, and cover the whole gel box with ice. Clear off the top of the box to remove the tape.
22. Run at 20V for 1 hour. 
23. Complete No-Stain total protein quantification protocol now, if applicable
Blocking and probing
24. Block the membrane with Li-Cor Odyssey Blocking Buffer (PBS) diluted 1:5 in PBS. Use ~25 mL or enough to cover the membrane and rock for 1 hour or overnight at room temperature. DO NOT add any detergents (Surfact-Amps, Tween, SDS) to the blocking buffer.
25. Store diluted blocking buffer at 4C.
Next day: 
26. Add antibodies (must be from two different species, such as mouse and rabbit, eg, rabbit anti-VSVG and mouse anti-sigma70) in 15 mL of blocking buffer (no detergent). Rotate for 1 hour at room temperature.
27. Meanwhile, make wash buffers:
	1x Wash Buffer (500 mL)
	50 mL 10X PBS		
	450 mL dH20	
28. Split into two separate bottles, 400 mL and 100 mL. (This is enough for ~3-4 blots, scale up or down as necessary).
29. To the 400 mL bottle, add 2 mL Surfact-Amps. This is your primary wash buffer. The remaining 100 mL will be for the final two washes after the secondary antibody, to remove traces of detergent, which may show up as background on the Li-Cor.
30. Wash 4x on rotator for 10 minutes each, using 20-25 mL wash buffer per wash.
31. Use 25 mL diluted blocking buffer and block again, for 15-30 min.
32. Add 1 uL of each IRDye secondary antibody to 10 mL wash buffer (the one with Surfact-Amps, aka PBS-T). Also add 0.01% SDS to the wash buffer (10 uL of 10% SDS). These secondary antibodies are stored at 4C. 
Note from Dove lab: use 800CW [green channel] if only detecting one protein; if detecting two proteins, use 800CW for the less abundant protein

33. Label for 1 hour on rocker at room temperature. Cover the box with foil or use a black box (the secondary antibodies are light sensitive).
34. Wash 4x on rotator for 10 minutes each, using 20-25 mL wash buffer per wash.
35. Wash 2x on rotator for 10 minutes each, using 20-25 mL of wash buffer WITHOUT detergent.
36. If faint bands are expected, do a quick methanol rinse by dunking the blot in methanol for 2 seconds then letting air dry for 2 minutes prior to imaging.
Imaging
37. Leave the membrane in the box containing the final wash buffer. Bring the box, gloves, forceps, and a timer to the imager in the INBRE facility. 

Notes from Dove lab about Li-Cor:

Open the Li-Cor and place membrane face down in the bottom left hand corner. Note the size of the membrane using the grid (usually about 8x8 or smaller). Place the rubber cover over the membrane, roll out air bubbles, and close the lid.

Begin preview scan, which should take about 1-2 minutes. The preview scan will help narrow down the scan area, which will significantly decrease the amount of time needed for scanning.

Once you’re happy with the scan area, decide on the desired image quality. I usually go with the second highest option (“High”). Hit start. Scanning will take a while, depending on quality and size, so set your timer and come back when it’s done.

Once the image has been scanned, play with the brightness and contrast on each channel until you’re happy with the results. Using the black bands on white background setting is typically best.

For quantification, click on Analyze. Either use “Add Rectangle” or “Draw Rectangle” features to instantly quantify the density of each band. Save the image by clicking on the upper left hand corner “i" > Export > Single Image View > Export. The computer has internet access, so you can save to Google Drive or email the images to yourself.

Remove your membrane and spray down the glass surface of the scanner with ethanol and kimwipes (provided there). Log off the computer.


